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Abstract 
 

Monitoring protocols for all field work conducted during the LIFE 
Waders for Real Project. Monitoring of breeding waders, 
predators, habitat and ecosystem services, detailed monitoring 
was undertaken to measure change in response to habitat 
management.  



Project aims 

This project seeks to reverse the decline of breeding waders in the Avon Valley, a river floodplain of 
high biodiversity interest, part of which is designated as an SPA.  In 1982 the Avon Valley constituted 
one of the top eight lowland wet grassland sites in England for breeding waders.  Since then four 
surveys at 6-7 year intervals have shown a dramatic decline in numbers of breeding waders, 
mirroring trends seen across Europe.  Numbers of Northern lapwing Vanellus vanellus pairs have 
fallen from 208 in 1990 to 71 in 2010.  Pairs of redshank Tringa totanus have dropped from 117 to 22 
and common snipe Gallinago gallinago from 29 to one. 
  
Monitoring of lapwing breeding success in the Avon Valley for the last eight years has shown that 
productivity was too low for maintenance of a stable breeding population, owing to high nest 
predation.  To halt the decline of lapwing and redshank we urgently needed to intervene to improve 
breeding success, which in the longer term, should lead to increases in breeding density. 
  
The objectives were, through a unique combination of habitat restoration and innovative targeted, 
seasonal exclusion of predators to: 
 
1. Increase lapwing numbers in the Avon Valley, through the novel approach of creating strategic 
‘hotspots’ of optimum habitat with reduced predation pressure. 
2. Increase numbers of lapwing chicks fledged at ‘hotspots’ to the point where breeding densities 
become sufficient to enable lapwings to better fend off potential predators on their own. 
3. Halt the decline of redshank in the Avon Valley by increasing productivity. 
4. Create conditions to encourage snipe to return to breed. 
5. Using a new approach called Planning for Real to deliver lasting conservation action. 
6. Demonstrate how far habitat manipulation can be used to push the balance in favor of waders 
rather than predators.  We will assess predator behavior in manipulated landscapes. 
7. Demonstrate the most appropriate techniques for the efficient exclusion or reduction of predators 
and quantify any benefit or problems associated with predation control. 
8. Quantify the costs of different techniques for increasing wader breeding success and the timescale 
over which this translates into higher wader numbers. 
9. Monitor the effects of restoration for waders on other key elements of floodplain biodiversity, 
particularly the flora, invertebrates and wintering wildfowl. 
 

Monitoring design 

The aim of the monitoring outlined in the protocol is two-fold: to measure change at the four 
hotspot sites where the most intensive management for waders will take place and to compare 
habitat conditions and wader breeding success against four comparison sites. 
 
Breeding wader surveys should be conducted on all suitable sites to give a baseline of breeding 
wader numbers. 
 
Wader breeding success, predator monitoring and detailed vegetation monitoring should be 
undertaken on key hotspot sites, as well as wader breeding success and vegetation monitoring 
undertaken at comparison sites. 
 
  



1. Wader pair surveys 

During second and third weeks of April, walk all fields at all sites to determine the locations of 
lapwings, redshank and snipe. Walk to within 100 m of every point in all fields so that no waders are 
missed (although take care not to cause undue disturbance to nesting lapwings). Mark the positions 
of birds on 1:10,000 scale maps and try to determine sex for lapwings. Note paired birds and try to 
distinguish from feeding flocks. Keep a note of the time that each field is entered so that the time 
spent walking/watching each field can be extracted for use in analyses. Record the presence of all 
corvids (separating carrion crows, rooks, jackdaws and magpies), gulls, raptors, and ducks, geese, 
swans and herons. Distinguish birds flying over from those perched or feeding in the field (See Annex 
1 Monitoring breeding waders field sheet).  
 
In second and third weeks of May conduct an additional early morning survey of each site. Use the 
same methodology as above; walk to within 100 m of every point in all fields, fill out a survey sheet 
and mark the positions of all birds seen on a map. 
 
On both surveys, fill out the ‘Sward and land use’ sheet. For each field note field type, number of 
livestock, % cover of standing water, rush, sedge, thistle/dock/nettle, and marsh marigold. Record 
vegetation height at 20 randomly selected point per field (Annex 3.1 Sward and land use field sheet). 

1.1 Lapwing productivity surveys 

Breeding productivity should be assessed from regular visits to fields with lapwing present, at 
approximately 10-day intervals. Surveys should commence in late March and span the lapwing 
breeding season. Do not visit occupied sites on wet or particularly cold days. These visits do not need 
to be made in the early morning. The surveys will yield information on site occupancy and overall 
productivity per site (Annex 1 Monitoring breeding waders field sheet). 
 
On all visits to occupied fields a visit sheet should be completed, and the surveyor should: 
 
1. Note time of arrival at the field. Record numbers and species of all corvids, gulls, raptors and 
herons on arrival. Distinguish birds on the field or on the field boundary from those flying over. 
 
2. Make careful observations from several vantage points at the edge of the field to ensure that the 
whole of the field is scanned. Record the total number of adult lapwings (where possible, distinguish 
males from females), number of sitting adults, number of alarm-calling females and number of 
young. Where possible record the brood sizes and the age class of any chicks observed. Make sure to 
mark the positions of birds, nests and broods on large scale maps. 
 
If it is not possible to make an accurate count of the number of birds by scanning from the field edge, 
the field should be walked until all areas can be seen. Once returned to a vantage point, watch 
carefully for birds walking back to nests. 
 
3. Note any raptors flying over or stopping in the field during observations. 
 
4. Record the time that you leave the field. 
 
 

1.2 Nest finding 

On each visit to a field, you should attempt to locate nests using the method detailed below. To 
minimize disturbance, nests should only be approached when first located or when clutches are 



estimated to have failed or hatched. Care should be taken to avoid drawing the attention of potential 
egg predators to nest sites (Annex 1.2 Nest finding and monitoring field sheet). 
 
All nest monitoring is done under Natural England Nest disturbance permit, under the Wildlife and 
Countryside Act 1981, assigned to each individual researcher.  
 
1. Scan for sitting birds. Females undertake most of the incubation, but males do incubate when the 
female is off the nest feeding. Typically, you will see a male stood alert within 100m of the sitting 
female. Females are quiet and secretive when nesting: watch for birds that appear to be agitated and 
creeping back to nests. 
 
2. Once you have spotted a sitting bird, pick a point (distinctive tree, bush, house, etc.) on the 
horizon as a sighting line. Then judge the distance across the field and look for any distinctive 
features close to the nest. Once you are confident that you have located the nest and have a clear 
direction, walk to the nests (if there are two of you, the other person should stay at the vantage 
point to guide on a mobile phone or with walkie-talkies). Be aware that your perspective will change 
as you walk to the nests and keeping an accurate visual mark on the location the bird gets up from is 
essential. If there is more than one nest in a field, the first can be temporarily marked with a stick a 
few feet away while the next is located. Be aware that there may be other nests that you have not 
seen, so watch where you are walking, especially as you approach the location where you believe the 
nest to be! 
 
3. When you find a nest (clutch size is typically 4, sometimes 3 or late in the season 2), use a GPS to 
record its location and note the date and time. Measure the length and breadth of each egg with 
calipers and record the mass. Take extreme care to avoid breaking any eggs, especially if your hands 
are cold. Replace each egg in the orientation found. Insert a temperature logger into the middle of 
the nest between the eggs. For speed, if all the eggs are very similar size and shape, measuring and 
weighing just two of the clutch may suffice, particularly if you have several clutches to measure. 
 
4. Record vegetation height (to nearest cm) on the edge of the nest cup and at 4 points at 1 m 
around the nest. Estimate the % bare ground in a 1 m square quadrat around the nest. Take a photo 
of the nest from directly above, leaving a 50 cm border around the nest so we can estimate 
vegetation types later. No more than about 5 mins should be spent at the nest.  
 
5. Try to minimize disturbance to soil/vegetation around nests. Do not disturb birds off nests on very 
cold days or if it is drizzling/raining. When leaving the nest, continue to walk past it and loop back to 
your vantage point rather than walking back on the exact route by which you approached the nest.  
 
6. When you get back to the vantage point make a sketch map with notes on the viewing point, 
sighting line, field boundary features and landmarks close to the nest so that it can be relocated 
easily from the vantage point on the next visit.  
 
7. Do not spend more than 10 mins looking for a nest, especially if it is cold and/or wet. If you walk 
out and are unable to find it, return to your vantage point or another vantage point and watch the 
bird walk back to the nest. Let her sit for 10 mins, note any further features distinguishing the nest 
site and then try again. If you are convinced there is a nest but you cannot find it, try putting a stick 
or stone where you think the nest is and then retire. Use this marker to gauge where the nest 
actually is. 
 
8. Be aware that the male makes 3 or 4 scrapes within an area of a few metres and the female 
chooses one in which to lay. Hence if you find an empty scrape with no nest lining, you may be close 
to the actual nest. 



 
9. Egg measures and weights can be used to estimate the stage of incubation of a clutch because 
eggs lose mass during incubation. This is useful because you then know approximately when a clutch 
is due to hatch. A list should be kept of when clutches are due to hatch, as you will need to visit soon 
after hatching to mark chicks. 
 
10. First clutches tend to be fairly synchronous in late March/early April, but as clutches fail birds will 
start re-nesting. They typically take about 8 days to re-nest after losing a clutch. Birds may re-nest 
twice in a season, i.e. have up to 3 nesting attempts. Hence you are likely to have birds nesting into 
June. 
 
 

        
 
Left: Typical clutch of 4 lapwing eggs in a grass field. Note base colour can vary from cream, as here, 
to green. Right: Clutch of redshank eggs – note concealed in a tussock and brown rather than black 
blotches on the eggs. 
 

1.3 Nest monitoring 

Temperature loggers will provide data on time of nest failure or hatching, avoiding the need to make 
frequent, repeat visits to nests to obtain survival data. As far as possible, you should aim to go back 
to nests within a day or two of the estimated hatch date. However, as you are likely to be returning 
to sites for other reasons (to look for more nests, to follow chicks, etc.), all occasions on which the 
nest is monitored should be entered on the nest data sheet (see Annex 1.2 Nest finding and 
monitoring field sheet). This makes it easier to identify the timing of nest outcomes when either 
interpreting logger data or when the logger data is somehow compromised. 
 
1. On arrival at a site scan for the nest at a distance by using binoculars or a telescope to check for 
the presence of an incubating adult. If an adult is still sitting, the nest is obviously still active 
(although check that the bird is not brooding small chicks). If there is no bird sitting, approach the 



nest site and check  for signs of predation or hatching (see 3. and 4.). Consider taking photos of any 
remains that you find. 
 
2. Retrieve the temperature logger, note the time that it is removed from the nest and download the 
data later the same day. If the temperature logger has been cannot be located in the nest cup, 
carefully search up to a 10 m radius around the nest. 
 
3. At some predated nests it is possible to identify the nest predator from signs left at the nest. Eggs 
predated by corvids have a hole punched in the side. Those taken by foxes or badgers tend to be 
crushed to small pieces. Those taken by small mustelids tend to have tooth marks in the shell. 
Badgers will completely destroy the nest, foxes and corvids lift the eggs cleanly, leaving the nest 
lining intact. If in doubt, record details and, if possible, take photos of the nest and any egg remains. 
It is only possible to identify the nest predator with confidence in a small percentage of cases, so 
note exactly what you can see. Corvids and mammals often remove the eggs leaving no trace of shell 
near the nest, but mammals may leave footprints or scats. 
 
4. Successful nests always have small eggshell fragments, c.1-2 mm in size, in the nest lining (the 
adults remove the eggshells, but these chippings are from where the chicks break out of the shell). 
Always search the nest lining carefully. 
 
5. Nests may be hatching at the point of checking, if this is the case any dry chicks can by ringed and 
tagged (see 1.5 Monitoring lapwing brood survival).  
 

      
 
Two examples of lapwing eggs predated by corvids. Left: one eggshell left beside a nest. Right: two 
eggshells carried about 50 m from the nest. 
 
 
5. When a nesting attempt has finished, record the 5 vegetation height measures as before, % cover 
of bare ground and the composition of vegetation within a 1-m quadrat over the nest (% cover of 
grass, sedge, rush, dicot and herb). At the same time record these measures at a paired random 
point within the same field 100 m from the nest. To do this take a random compass direction, pace 
100 m and then take the measurements. Mark the random location on a map. 
 
6. Be alert to signs of predation of adult lapwings by scanning around predated nests. Note any 
carcasses and the likely predator. 
 
 



 
 
Remains of a predated adult lapwing. Note the primary feather shafts have been chewed through 
and the carcass removed indicating predation by a fox. Raptors pluck the feathers, leaving the wing 
feather shafts intact and tend to leave the carcass upside down with the sternum notched. 
 
 

  



1.4 Use of nest protectors 

Deploy nest protectors on half the nests monitored at hotspots sites.  
 

1. Locate nests as early as possible, ideally when eggs are still being laid. 
2. As soon as the clutch is complete, place a cage about 5-10 m from the nest. 
3. A day later move it 2 m from nest. 
4. Two days later, put it over the nest. 
5. Watch the female and ensure that she returns to the nest within 40 mins. Most birds accept 

the cages within 20 mins. If it is difficult to see the female returning to the nest site then 
when putting the cage over the nest turn one egg around the wrong way. This will tell you if 
the nest has been visited again, as the female will correct the egg’s direction. 

6. About 1 in 8 birds will not tolerate the cages, so do not persist with it if a bird will not accept 
the cage after 40 mins. 

7. DO NOT USE WITH REDSHANKS, AS THEY TAKE OFF VERTICALLY FROM THE NEST. 

1.5 Monitoring lapwing brood survival 

During visits from late April to July, careful observation of adult behavior should be made to 
determine whether or not each pair of lapwings has managed to hatch a clutch of eggs (Annex 1.5 
Chick finding and monitoring field sheet). 
 
1.5.1 Chick observations  
 
You will not locate every nest; hence it is important to establish as a minimum for each pair of 
breeding lapwings whether they hatch a clutch of eggs and whether they fledge a brood. 
 
Females are typically silent and elusive when nesting, but vocal when they have chicks. Their alarm-
calling behavior when they have chicks is distinctive and can be used to estimate the period for 
which broods survive. By carefully noting the combination of pair location, alarm-calling behavior and 
any chick observations on each visit, it is possible to estimate brood survival. Ideally, broods should 
not be disturbed more than once a week. 
 
For each pair of lapwings and redshank on each visit, determine adult behaviour and alarm calling. 
On each visit record whether or not you think the pair has chicks. Aim to visit each field with lapwings 
and assess the status of each pair/brood once every 7 days. Note the start and end time of 
observations at every field and record all corvids, gulls, raptors and herons in the field or passing 
over. 
 
For any broods seen, attempt to count the number of chicks and estimate their age to the nearest 
week. Chicks fledge at around 35 days but can fly short distances soon after 20 days. 



 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

An example of a camouflaged day-old chick. 
 
 

 
 
An example of 2 camouflaged 25 – 30 day old chicks.  
 
 



1.5.2 Catching, ringing and radio-tagging chicks 
 
If chicks are not found at point of hatching in the nest cup, they can be caught using a similar method 
as nest finding. After careful observation approach the area where chicks have been seen, move 
quickly to get to the area then approach with caution as chicks can be well camouflaged. Where 
possible work in pairs, with one at a vantage point guiding the other in over radios.  
 
Catching, ringing and tagging of chicks is done under BTO license, held by each researcher with 
specific endorsements to colour ring and radio-tag chicks.   
 
Chicks can be ringed with a BTO metal ring from the day they hatch. Chicks can be colour-ringed from 
20 days of age. Re-sighting of colour ringed chicks will provide data on chick survival rate and fidelity 
to breeding sites of fledged chicks in subsequent years. Where possible, please read and note colour 
ring combinations when seen. 
 
Take biometrics from all chicks captured on all occasions – bill and tarsus length (to 0.1 mm), weight 
to 0.1g. For chicks older than 20 days, measure wing length and note the extent of primary growth 
(third, two-thirds, fully grown). 
 
A sample of lapwing chicks are radio-tagged to obtain more accurate data on brood movements and 
on fate of chicks that perish. One chick is randomly selected from each of 30 broods and is radio-
tagged shortly after hatching with a 0.4g, 30 day life, transmitter. Chicks are radio-tracked every 3 
days by triangulation from field edges and will only be approached closely where death is suspected; 
if tags indicate a static signal, or no movement, or a very large movement since the previous day. 
Fixes should be recorded on 1:10,000 scale maps with the time of the fix, enabling average distances 
travelled and time spent in different habitats to be calculated subsequently using a GIS (See Annex 
1.5.1 Chick radio-tracking triangulation sheet). 
 
 

 
 
Guide to ageing lapwing chicks. Recently hatched, part grown, well feathered and fledged equate 
roughly to less than 1 week, 2 weeks old, 3 weeks old and 28-35 days respectively. 
 
 



      
Lapwing chicks within a few hours of hatching. Note the white ‘egg-tooth’ which is retained for c.24 
hours. Note size of foot in relation to body. 
 

 
Lapwing chick c.7 days old. Again, note size of foot relative to body – body larger relative to foot 
now. White stripe on nape can be helpful when trying to locate chicks. 
 

      
Two lapwing young c.28 days, wings fully feathered, crest starting to form. 
 
 
 



 
 
Recently hatched redshank chicks. Note dark heads and striped bodies. 

  



1.6 Chick diet and foraging habitat  

1.6.1. Diet  
 
Collect faecal samples when handling chicks. All the faeces from one brood can go in the same 
sample tube. Label with site, brood number/chick ring numbers and date. Add 70% ethanol to the 
sample tube, to preserve the sample, as soon as you return to the office. Re-sample broods at 
different ages where possible, provided the same brood is not disturbed again within 7 days of the 
previous capture (see Annex 1.5 Chick finding and monitoring sheet). 
 
The feacal samples can be used to investigate diet in relation to chick age and type of foraging 
habitat. The faecal samples can be examined under a microscope to identify any invertebrate 
fragments present. Where possible the fragments can be classified to order or family level and 
overall numbers and weight of prey ingested can be calculated.  
 
 
1.6.2 Foraging habitat  
 
Data on foraging habitat is recorded as part chick monitoring (see Annex 1.5 Chick finding and 
monitoring sheet). Data should be collected on foraging habitat by taking measurements at the point 
where chicks are caught/observed foraging. Take 5 vegetation height measurements and 5 
penetrability measurements. Assess % cover of bare ground at 3 separate 1 m quadrats around the 
foraging area. Assess the % cover of other vegetation (grass, sedge, rush, dicot, herb and weed) in a 
3m quadrat over the foraging area.  
 
At the same time record these measures at a paired random point within the same field 100 m from 
the foraging area. To do this take a random compass direction, pace 100 m and then take the 
measurements, use a hand-held GPS to record the location of the random point.  

1.7 Colour ring sightings  

Lapwing chicks are fitted with BTO metal rings when first located and then colour rings, to allow 
individual identification in the field, once they are c.20 days old. This will provide data on chick 
survival rate and fidelity to breeding sites of fledged chicks in subsequent years. Any adult lapwing 
caught are also colour ringed. Each bird colour ringed is fitted with a unique colour combination so 
that when the bird is observed in the field it can be individually identified.  
 
Any sightings of colour ringed lapwing chicks or adults are recorded (see Annex 1.7 Lapwing adult 
colour ring sighting form, chick sightings recorded on chick form see Annex 1.5 Chick finding and 
monitoring sheet).  

1.8 Catching and tagging lapwing adults 

A sample of lapwing adults are caught in order to fit Pathtrack nanoFix-GEO-RF tags. These are 
remote download GPS tags and weight c.4.5g. The tags are solar charged and can deliver a minimum 
of 1-2 accurate locations a week throughout the year. They should function for 3-4 years. They will 
provide unbiased data on dispersal of first-year birds and selection of breeding sites between years, a 
factor that might prove important when making decisions on priorities for species conservation at a 
landscape scale.  
 
Nest trapping, ringing and tagging is done under a BTO licence, with special endorsements required 
for nest trapping, colour ringing and tagging held by each researcher (=Annex 1.8 Lapwing adult 
capture field sheet).  
 



Adult lapwing can be caught using spring traps on the nests, this is only attempted on nests which 
have 7 days or less to the predicted hatch date. The eggs are removed from the nest, safely stored to 
minimise chilling, and replaced with fake eggs. The spring trap is then placed over nest and pegged 
into the ground. The netting is camouflaged with vegetation and the trap is left for up to 30 minutes 
while being viewed from a nearby location. Once the adult is caught it is removed straight away, the 
eggs are replaced and the bird is ringed, tagged and processed away from the nest location, before 
release.  If the adult does not approach the nest within 30 minutes of the trap being set the trap is 
removed and the eggs are replaced.  
 

2. Predator monitoring 

2.1 Avian predator monitoring 

From early April to early June, carry out 1 hour watches over each field where lapwings are present. 
When you first arrive, record every corvid, gull and heron seen within the field or perched at the 
edge of it. Use the standard BTO codes for each species as during the wader surveys. During the next 
5 minutes tally all corvids, gulls or herons flying over the field and at the end of the 5 minutes scan 
the whole field and again record all corvids, gulls and herons within it or perched at the edge. 
Continue at 5 min. intervals. The aim is to estimate the maximum number of potential predators 
using the field per hour and the activity of predators over the field (See Annex 2.1.1 Avian predator 
monitoring field sheet). 
 
In addition, record each raptor sighting separately. Record each occasion that lapwings chase off a 
potential avian predator and, for incubating lapwings, record when they come off the nest, for how 
long and the cause. 

2.2 Avian predator monitoring - Revised protocol 2016 

In the revised protocol a focal bird is added, either a bird incubating a nest or with a brood (See 
Annex 2.1.2 Avian predator monitoring revised field sheet). 
 
In the revised protocol the survey period is extend to 1 hour 30 minutes survey, during these surveys 
a focal nest or brood of chicks is identified. As in the previous protocol (2.1), at 5 minute intervals 
tally the total numbers of corvids, gulls, herons and raptors perched in or on the boundary of the 
field.   
 
Record all avian predators (corvids, gulls, herons and raptors) flying across the field and the behavior 
of the focal adult lapwing to each predator, along with the total number of other lapwings that 
respond. Estimate the horizontal distance and height of the predator from the focal bird when the 
focal bird responds. If the focal bird does not respond record the horizontal distance and height at 
the point when the predator is closest to the focal bird. The duration of any chase of the predator by 
the focal bird should be recorded to the nearest second using a stopwatch. 
  



2.3 Foxes and other mammals 

Fox activity-abundance can be assessed by the four methods: scat counts, dawn and dusk watches 
spot-lamp searches and trail camera traps. 
 
2.3.1 Scat counts 
 
Approximately 2 km routes following boundary features and livestock tracks should be devised at 
each site. These should be walked three times, in the first week of April, May and June. All scat 
positions are marked on a map and all scats are covered or removed. Badger latrines should also be 
noted (see Annex 2.3.1 Fox scat field sheet). 
 

      
 
 
 
Typical appearance of fox scats. They typically have one twisted end by can vary considerably in 
colour and consistency dependent on what the fox has been eating – they often contain beetle elytra 
and rabbit remains but can also contain site specific prey such as berries or fish remains.  
 
 
2.3.2 Dawn and dusk high seat watches  
 
These should be made from portable high seats at each site and last 90 mins, commencing either 30 
mins before sunrise or 60 mins before sunset. Fixed vantage points will be selected, and arcs of view 
measured. There should be at least four watches per site from April to mid-June. During each watch 
any sightings of potential lapwing predators are recorded, if the predator is a fox additional 
information, such as gender or distinguishing features, is noted (See Annex 2.3.2 High seat count field 
sheet). 
 
2.3.3 Trail cameras 
 
Trail cameras should be used on hotspot sites to determine mammalian predator occupancy and 
abundance. 10 cameras are set on each hotspot site and switched between paired locations every 
two weeks. Consequently, a total of 20 locations are used at each site. Cameras should be set at 
access points to best pick up mammalian predators; gateways, bridges etc. When camera trap 
locations are switched the SD card in the cameras are changed. This means the photos on the 
cameras can be backed up and then reviewed for predator sightings every two weeks. This also 
means recent camera trap images of foxes and mink can be passed to local keepers to improve lethal 
predator control almost in real time (see Annex 2.4 Camera trap form). 
 
2.3.4 Trail cameras on temporary electric fences  



As part of non-lethal predator control temporary fences should be erected early spring, see Guidance 
note for farmers on electric fencing to protect wader nests and chicks. Fences should be checked and 
maintained during the breeding season twice a week, until taken down (see Annex 2.5 Electric fence 
checking sheet). Two trail camera traps should be deployed on each fence on opposite corner posts 
viewing the inside of the fences. These cameras can be used to record any predators that breach the 
fence.   
 

3. Vegetation recording 

3.1 Sward and land use 
This information should be collected twice each year for each field (at the same time as the wader 
pair survey (see 1. Wader pair survey). Field type and  number of livestock in each field are noted. 
The % cover of standing water, rush, sedge, thistle/dock/nettle and marsh marigold are recorded.  
Vegetation heights are recorded at 20 random points (Annex 3.1 Sward and land use field sheet). 
 
3.2 Detailed vegetation quadrats  
Vegetation in quadrats at fixed locations in hotspots and comparison sites should be surveyed to 
species level in June each year (see Annex 3.2 Vegetation Quadrat field sheets). 
 
3.3 Vegetation records - penetrability  
As well as the above surveys additional vegetation surveys should take place, in April, May and June 
in each field with waders in. A W-shaped transect is followed across each field in order to sample all 
parts of the field in a representative manner. At 30 points on the transect vegetation type 
(grass/rush/sedge/dicot/dock/thistle/nettle), vegetation height and soil penetrability (measured 
using a penetrometer) is recorded (see Annex 3.2 Vegetation record – penetrability field sheet).  

4. Invertebrates Communities  

4.1 Ditch Condition  

4.1.1 Dragonfly and damselfly surveys  
 
Dragonfly and damselfly surveys should be conducted along sections of the river and ditch systems 
on the four hotspot sites in spring/summer. In total30 transects are surveyed, six on the main river 
and 24 along ditches. One survey should be carried out at each transect site each month from June 
toSeptember. Species and numbers of dragonflies and damselflies are recorded along the transect 
(See Annex 4.1.1 Dragonfly and damselfly surveys, ditch environment and vegetation).  
 
 
4.1.2 Ditch vegetation 
 
Features of ditch vegetation are recorded alongside the dragonfly and damselfly community.(See 
Annex 4.1.1 Dragonfly and damselfly surveys, ditch environment and vegetation). In each zone the 
main vascular plant species present are recorded and their cover is estimated on the DAFOR scale 
(Dominant/ Abundant/ Frequent/ Occasional/ Rare). In each zone the % cover of bare ground, litter, 
grasses and bryophytes are also recorded. The % cover of open water in the ditch should be 
estimated for the whole transect area. In the August survey only ten vegetation height measures are 
taken in each zone (when vegetation height is at it’s maximum). The % Cover of trees rooted in-
channel or on the bankside should be estimated.   
 
4.1.3 Ditch physical environment and water chemistry  
 



Physical and chemical attributes of the ditch/river sections surveyed for dragonflies and damselflies 
are recorded mid-season (See 4.1.2 Annex Ditch condition field sheet). These attributes should be 
recorded at five sample sites which are located at c.25m intervals at each ditch/river section. At each 
sample site a water sample should be collected using either a hand-held bottle or one attached to a 
pole. Sample bottles are marked with a ditch identifier and date. Samples will be amalgamated for 
each transect location for analysis. In addition, at each sample site other physical and chemical 
attributes are recorded: 

• Water and silt depth to the nearest 10 cm.  

• Conductivity to the nearest 10 µScm-1 (measured on a sub-sample of water in the field using 

a portable meter).    

• pH to the nearest 0.1 (measured on a sub-sample of water in the field using a portable 

meter). 

• Turbidity on a five-point scale based on 1 = gin clear, 3 = base of ditch just visible at 50cm, 5 = 

visibility < 10cm.  

• Water colour is measured by looking into the ditch at a white marker on the end of a ranging 

pole, rather than taking water out and looking through a bottle, but this is only possible if 

turbidity is low.  Peatiness can be recorded on a five-point scale based on 1 = gin, 2 = lemon 

juice, 3 = white wine, 4 = medium black tea, 5 = black coffee.  

• Bank slope (based on the angle from the bank top to the water's edge, irrespective of 

variations between the lower and upper sections) is noted.  

• Profile under water (the angle of the bank from water level to about 20cm depth) is 

recorded. This is an indicator of the amount of shallow water at the margins. 

• Width of water body (m) 

• Width between bank tops (m) 

• Freeboard (distance from water surface to bank top) 

 

 

4.2 Aquatic Invertebrates 

4.2.1 Aquatic Invertebrate field sampling 
 
Aquatic invertebrates should be sampled along the same river and ditch transects as for ditch 
condition (see above and Annex 4.1.2 Ditch condition field sheet). 
 
Timed sweep net samples should be taken from each ditch. Sampling should be done over a 3 minute 
period only along a 20m representative section, using the following method (taken from the Buglife 
guidance): 
While standing at the water margin, the sample is taken by netting the ditch vegetation using short 
jabbing thrusts in dense emergents and raft-forming plants (Glyceria, Apium, etc), and occasional 
longer strokes into submerged plants (Elodea, Ceratophyllum, etc) in deeper water.  The surveyor 
moves along the bank as the netting proceeds, selecting patches of vegetation that exhibit the 
greatest small-scale mosaic structure, since these patches seems to yield more specimens.  Moving 
backwards appears to work better than moving forwards, because the pole can be kept angled in 
towards the feet and provide greater pulling power.  Netting stops when the net begins to fill to the 
point that it becomes more difficult to push, and is usually about a quarter to a third full of plant 
material (about 2-3 litres by volume).  This takes 1- 3 minutes and can be fairly exhausting in dense 
vegetation.  Where there is little vegetation, for example in newly cleaned ditches, a sample can be 
obtained from the few scraps that are left, where invertebrates tend to congregate.  The bottom 
sediment is avoided since it clogs the net and contains almost no species that form part of the 



analysis (although Libellula may be overlooked).  If sediment is collected by accident, it is advisable to 
discard the sample and start again. 
 
An initial sorting of invertebrates and vegetation/debris should be carried out on the bank, using a 
large white tray. A wash bottle containing water can be used to release smaller specimens from the 
net. Large specimens can be collected using a small tea strainer and placed directly into a sample 
tube while the smaller ones are left in the tray while the water is siphoned off until only the 
invertebrates are left. The invertebrates will then be transferred to a labelled sample bottle 
containing 70% ethanol to be preserved and taken back to the laboratory for identification.  Large 
beetles will mangle soft animals in the sample unless they die quickly, so should be preserved 
separately.   
 
4.2.2 Aquatic Invertebrate sampling lab analysis  
 
Identify all invertebrates collected down to species level where possible back in the lab (See Annex 
4.2.2 Ditch invertebrate – aquatic invertebrate lab field sheet) 
 
Equipment used:  

• Development tray  

• 90% alcohol  

• 30ml invert tubes  

• Forceps different sizes  

• Sieve (two different sizes, one for 

sieving the initial sample, one for 

removing vegetation when in 

development tray)  

• Pot for waste  

• Petri dishes 

• Paintbrush  

• Permanent marker  

The samples collected from the field contain lots of vegetation debris which makes sorting through 
and identifying the invertebrates difficult. Therefore, another step can be added, separating the 
inverts from the vegetation.  

1. The sample can be emptied into a sieve small enough that organisms of around >2mm 

wouldn’t fall through it (This is because the purpose of this study is to analyse the inverts 

present as chick or lapwing food). The samples are then washed with tap water until the 

wastewater runs clear.  

2. Then the sample is placed into an identification tray (a white photography development tray 

was used). Ensure there isn’t too much sample in the tray, if necessary separate the sample 

into different lots. 

3. Water is then poured over the sample into the tray to make sorting through the vegetation 

easier (1-2 L).  

4. Any large pieces of vegetation are carefully removed, 

ensuring there are no invertebrates stuck to them. Be 

especially careful with clusters of vegetation, it could 

be a caddisfly larva.  

5. Then the sample is sorted through, by moving the 

sample from one side of the tray to the other and 

back again, removing vegetation as you go.  
- Caddisfly larvae casing made of snail 
shells 



6. Each invertebrate found is then placed into a tube filled with 

70% ethanol solution (one tube per sample), and labelled to 

match the sample being analysed.  

7. Each tube should be filled no more than half way with 

invertebrates to ensure there was little dilution of the alcohol. 

Larger invertebrates were placed into their own tubes.  

8. This was carried out for each sample.  

Some samples are more difficult than others:   

• Those which contained more sediment need to be washed for 

longer, or separated before washing.  

• Those which contain pond weed are a lot harder to sample. For 

samples like this fill the tray with much more water (2-4 L), and then scrape the top layer of 

weeds off, and sort through them separately afterwards (As some of the invertebrates, 

especially crustaceans, float in water).  

 

4.3 Terrestrial Invertebrates 

To investigate effects of field condition and past management on soil invertebrate communities and 
the food resource they represent for birds the terrestrial invertebrate community should be 
sampled. Fields are paired and categorized as “Improved” or “Floristically Diverse” depending on the 
known history of management, and the floral diversity present in initial site assessments. All fields 
possess wet features in the form of scrapes, depressions, or ditches. Surveys are undertaken during 
May and June.     
 
4.3.1 Pitfall Traps  
 
Ground active invertebrates are surveyed using pitfall traps, constructed from plastic cups of 75 mm 
depth and 60 mm diameter. Scentless washing up liquid is diluted in a ratio of 0.2 Lto 2 L of tap 
water.  Traps are filled with 40 mm of diluted washing up liquid and placed in the ground within two 
m of the soil sample location. For each field, four traps were positioned in a grid with two traps 
placed approximately 20 m apart on the edge of a wet feature present in the field, and the other two 
approximately 20 m away in the drier field area. A wire netting cage is secured to the ground over 
each pitfall trap using six inch metal tent pegs. The design is cost effective and reduces interference 
from birds and livestock, in addition to preventing vertebrates falling into the traps. Traps are left in 
position for 7 days. Upon collection, traps are sealed and stored in fridges and processed within 2 
weeks (See Annex 4.3.1 Terrestrial invertebrate sampling sheet). 
 
When trap contents are processed organisms are removed from the trapping liquid and stored in 
70% ethanol until identification. Identification is carried out as per the soil samples (see 4.3.2). In 
addition, each individual invertebrates’ body length is recorded to the nearest 0.1 mm.   
 
4.3.2 Soil sampling 
 
To sample soil invertebrates soil samples should be taken. Four soil blocks are taken per field within a 
20 m square, two in wet areas and two in dry areas. The soil blocks are 185 mm x 185 mm x 100 mm 
and are taken using a bladed spade and a quick levering action to minimize escape of soil organisms. 
Samples will be sealed in plastic bags, stored in a fridge and processed within two weeks (See Annex 
4.3.1 Terrestrial invertebrate sampling sheet).  
 

Caddisfly larvae casing made 
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Soil moisture content is measured by gravimetric method. Soil samples are sorted by hand, as a 
reliable way for surveying earthworms and diptera larva, samples are sorted twice. Organisms are 
stored in 70% ethanol and later identified.   
 
4.3.3 Vegetation  
 
Conduct a structured W walk between two pitfall locations in both the dry and wet areas of each 
field,  take 10 survey points in the dry area and 10 survey points in the wet area. At each survey 
point, take a vegetation height measurement and assess a 1 m quadrat for % cover of bare ground 
and litter and % cover of positive and negative indicator species (See Annex 4.3.3 Terrestrial 
invertebrate – vegetation sampling field sheet).  

5 Wildfowl and Wader Monitoring 

Eurasian wigeon, teal, common snipe, black-tailed godwits all winter in the Avon Valley and it is 
expected that they could redistribute following habitat management and make greater use of 
hotspot sites. Monthly counts should be undertaken through December – February each winter (See 
Annex 5 Wildfowl and wader monitoring field sheet).  

 
Enter and walk through each field (if possible fields are likely to be flooded) in a ‘W’ shape, as this 
allows most areas of the field to be covered. This procedure allows more cryptic species such as 
Snipe Gallinago gallinago to be detected, alongside other waterfowl species, and allows the river and 
riverbanks to be viewed easier. The number and location of each bird present is recorded on survey 
sheets using British Trust for Ornithology (BTO) bird codes. Survey sheet records are inputted into a 
database as soon as possible after surveying. . To reduce double counting of individuals where birds 
land and which direction they were flying is recorded. In the event of flooding, when fields are 
inaccessible, surveys are done from access points using a scope to get a full view of the fields. If the 
fields are completely inaccessible, the fields are noted as not surveyed.  
  



Annex - Field Sheets 

 

1. Monitoring breeding waders field sheet  

 

 



 
 

  



1.2 Nest finding and monitoring field sheet 

 
 

 



 

1.5 Chick finding and monitoring field sheet  

 

 



1.5.1 Chick radio-tracking triangulation field sheet  

 
  



1.7 Lapwing adult colour ring sighting form 

 

1.8 Lapwing adult capture field sheet  

 

 
 
 



2.1.1 Avian predator monitoring field sheet  

 
 
 
 
 



 

2.1.2 Avian predator monitoring revised field sheet  

 

 



  



2.3.1 Fox scat field sheet  

 
 
 
 



2.3.2 High seat count field sheet 

 

  



 



2.4 Camera trap forms 

 
 



 

2.5 Electric fence checking sheet  

 



3.1 Sward and land use field sheet  

 

 
 
 



3.2 Vegetation quadrat field sheet  

 
 

3.3 Vegetation record penetrability field sheet   



4.1.1 Dragonfly and damselfly, ditch environment and vegetation field sheet  

 
 
 



4.1.2 Ditch condition field sheet 

 
 
 
 
 



4.2.2 Ditch aquatic invertebrate lab field sheet 

 
  
 
 
 
 
 
 
  



4.3.1 Terrestrial invertebrate sampling sheet 

 

4.3.3 Terrestrial invertebrate  vegetation sampling field sheet  

 



 
 



5.Wildfowl and wader monitoring field sheet 

 

 


